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ABSTRACT: Hydrogenases control the H2-related metabo-
lism in many microbes. Most of these enzymes are prone to
immediate inactivation by O2. However, a few members of the
subclass of [NiFe]-hydrogenases are able to convert H2 into
protons and electrons even in the presence of O2, making them
attractive for biotechnological application. Recent studies on
O2-tolerant membrane-bound hydrogenases indicate that the
mechanism of O2 tolerance relies on their capability to
completely reduce O2 with four electrons to harmless water.
In order to verify this hypothesis, we probed the O2 reduction
capacity of the soluble, NAD+-reducing [NiFe]-hydrogenase
(SH) from Ralstonia eutropha H16. A newly established,
homologous overexpression allowed the purification of up to 90 mg of homogeneous and highly active enzyme from 10 g of
cell material. We showed that the SH produces trace amounts of superoxide in the course of H2-driven NAD+ reduction in the
presence of O2. However, the major products of the SH-mediated oxidase activity was in fact hydrogen peroxide and water as
shown by the mass spectrometric detection of H2

18O formed from H2 and isotopically labeled 18O2. Water release was also
observed when the enzyme was incubated with NADH and 18O2, demonstrating the importance of reverse electron flow to the
[NiFe] active site for O2 reduction. A comparison of the turnover rates for H2 and O2 revealed that in the presence of twice the
ambient level of O2, up to 3% of the electrons generated through H2 oxidation serve as “health insurance” and are reused for O2
reduction.

■ INTRODUCTION

The rapid and reversible interconversion between molecular
hydrogen (H2) and protons and electrons is widely used in
nature and catalyzed by the enzyme hydrogenase. These
biocatalysts are widespread in microbes, including bacteria,
archaea, and lower eukarya, and depending on the metabolic
context, are involved either in H2 uptake for energy generation
or in H2 evolution to dissipate excess reducing power.1

Hydrogenases are metalloenzymes occurring in different
forms and are classified on the basis of the metal content in
their catalytic center into [Fe]-, [FeFe]-, and [NiFe]-hydro-
genases.2 Because H2 activation involves transition metals and
low potential electrons, most hydrogenases are highly
susceptible to oxidation by O2, which inactivates the enzymes
either reversibly or irreversibly.3 Depending on the availability
of electrons, different reactive oxygen species (ROS) can be
generated at the active site upon O2 reduction (Scheme 1).
Hydroxyl radicals represent clearly the most dangerous ROS,

followed by superoxide and hydrogen peroxide. The four-
electron reduction of O2, however, yields harmless water. The
likely reason for hydrogenase inactivation is the reaction of
ROS with the catalytic center or other metal cofactors in the

enzyme. This includes the production of deleterious hydroxyl
radicals as a result of the Fenton reaction of H2O2 with ferric
iron.
Compared to the extremely O2-sensitive [FeFe]-hydro-

genases, the [NiFe]-hydrogenases are generally less affected
by O2. There are even some enzymes, called O2-tolerant
[NiFe]-hydrogenases, that catalyze hydrogen cycling in the
presence of O2. Prominent examples are the hydrogenases
present in the soil bacterium Ralstonia eutropha,4,5 Hyd-1 from
Escherichia coli,6 and hydrogen-converting catalysts from
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Scheme 1. Oxygen Species Produced upon Partial and Full
Reduction of O2
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Aquifex aeolicus7 and Hydrogenovibrio marinus.8 Their capability
to sustain H2-cycling in the presence of O2 has already been
exploited in a number of biotechnological applications, such as
enzymatic fuel cells, cofactor regeneration, and light-driven H2
production.9−11 In this respect, it is highly attractive to convert
O2-sensitive hydrogenases into O2-tolerant enzymes.12 There-
fore, understanding the fundamentals of O2 tolerance of certain
hydrogenases is a matter of ongoing research.
Previous studies on the topic of O2 tolerance were mainly

dedicated to gas access to the active site via hydrophobic gas
channels. Although restricted access of O2 to the active site
lowers the probability, it does not prevent the reaction with O2
at the catalytic center.13,14 The focus has changed only recently
toward the idea of a catalytic detoxification of O2 at the catalytic
center. This idea is based on observations from chronoampero-
metric experiments done by the Armstrong group showing that
O2-tolerant, membrane-bound hydrogenases from Ralstonia
species clearly react rapidly with O2, but their H2-oxidizing
activity is nevertheless not completely inhibited.15,16 This
feature is consistent with the absence of the so-called Ni-A
state, which is characterized by an oxygen-modified active site
that is recalcitrant to rapid reactivation.17 According to the
current model, O2 tolerance is mediated by the capability of the
enzymes to deliver four electrons to the active site to
completely reduce O2 to harmless water.18 In the case of O2-
tolerant membrane-bound [NiFe]-hydrogenases, this character-
istic trait is crucially related to modifications of the primary
electron-accepting/donating iron sulfur cluster close to the
active site,19 and indeed, crystal structures of the membrane-
bound hydrogenases from R. eutropha, H. marinus, and E. coli
uncovered an unprecedented [4Fe−3S] cluster at this position
that shows striking redox-dependent structural changes.20−22

However, water production by O2-tolerant [NiFe]-hydro-
genases performing H2 cycling in the presence of O2 has not yet
been proven. This is because the rate constant for the four-
electron reduction of O2 to water has been estimated to lie in
the range of 10−1−10−2 s−1.18 Hence, high amounts of enzyme
and sensitive analysis methods are required for the reliable
detection of water release. Moreover, most hydrogenases,
which have been removed from their cellular context, require
artificial electron donors/acceptors for in vitro catalysis. These
are often redox dyes that themselves react with oxygen and, as a
result, hamper O2 reduction measurements.
Therefore, we focused our attention on the soluble, NAD+-

reducing [NiFe]-hydrogenase (SH) from the soil bacterium
Ralstonia eutropha (Figure 1). This particular protein is
seemingly the ideal candidate for the analysis of H2-driven
formation of ROS for three reasons. First, the protein sustains
100% of its H2-driven NAD+ reduction activity in the presence
of atmospheric O2 concentration.23 Second, the substrates
NAD+ and NADH are stable in the presence of O2. Third, the
SH represents approximately 5% of the cytoplasmic protein and
can be purified in large amounts.24

From a structural and functional perspective, the SH is
closely related to the peripheral arm of Complex I.25 However,
in contrast to the NADH/ubiquinone oxidoreductase activity
performed by the latter, the SH couples the oxidation of H2
with the reduction of NAD+. Under certain conditions, the
enzyme is also capable of catalyzing the reverse reaction, the
NADH mediated reduction of protons to H2.

26 This is
consistent with recent electrochemical experiments showing
that the SH performs catalysis at minimal overpotential.27,28

The different functions of the peripheral part of Complex I
and SH are mainly based on the replacement of the quinone
binding site in Complex I by a Ni−Fe center responsible for H2
activation in the SH. Thus, the SH basically consists of two
catalytic moieties, namely, a NADH/acceptor oxidoreductase
(diaphorase) module, composed of the subunits HoxF and
HoxU, and a heterodimeric hydrogenase module comprising
subunits HoxH and HoxY (Figure 1). The [NiFe] catalytic
center located in the HoxH subunit is linked to the NAD+-
binding site in the HoxF subunit by a series of [4Fe−4S] and
[2Fe−2S] clusters and two flavin mononucleotide molecules,
designated to as FMN-a (flavin mononucleotide a) and FMN-b
(flavin mononucleotide b).4 While FMN-b is a constituent of
the NAD(H) binding site in the diaphorase module, FMN-a
has been reported to be only loosely bound to the hydrogenase
module.27,28,30

It has been shown previously that the [NiFe] site of SH is
inactivated reversibly by O2.

30 Incubation of the catalytically
active SH hydrogenase module HoxHY with O2 at high redox
potential causes a slow enzyme inactivation, but activity is
recovered within seconds when the redox potential is poised
below −170 mV, even if O2 is still present. This behavior is
consistent with the rapid reactivation of the oxygen-inactivated
active site by NADH which has been observed for the SH
enzyme.31,32 Interaction of O2 with the [NiFe] center is also
supported by infrared spectroscopic investigations on native SH
residing in whole cells. The reversible formation of an active
site species has been observed that was assigned to an
oxidatively modified catalytic center.33

Like Complex I, the SH has been shown to release
superoxide during catalysis in the presence of O2.

23 In fact,
superoxide production by Complex I is considered to be the
major origin of cellular oxidative stress and causative for human
diseases.34,35 In this study we provide experimental evidence
that the SH from R. eutropha also generates, besides superoxide,
hydrogen peroxide and water as catalytic byproducts during H2
and NADH conversion in the presence of O2.

Figure 1.Modular structure and predicted cofactor composition of the
soluble, NAD+-reducing [NiFe]-hydrogenase of R. eutropha. For sake
of clarity, the SH hydrogenase moiety (blue) and the diaphorase
moiety (orange/yellow) are drawn separately. The SH contains one
flavin mononucleotide (FMN) in each module. The electron-
conducting iron−sulfur clusters are shown as cluster-forming brown/
yellow spheres. A homology model (based on the crystal structure of
the hydrogenase Desulfovibrio vulgaris Miyazaki F29) of the H2-cycling
[NiFe] active site in the hydrogenase module is shown in the blow-up.
The coordination of the nickel and iron ions by four cysteinyl residues
is indicated by dashed orange lines.
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■ EXPERIMENTAL SECTION
Plasmid Construction, Growth Conditions, and Protein

Purification. Strains and plasmids used in this study are listed in
Table S1 in the Supporting Information. The expression plasmid
employed for overproduction of the Strep-tagged SH from R. eutropha
H16 was constructed as follows. Plasmid pGE770, containing the
hoxFUHYWIhypA2B2F2CDEXhoxABCJ genes under control of the
native SH promoter served as the basis for the subsequent cloning
steps. The hoxF gene was equipped at the 5′ end with a Strep-tag II-
encoding sequence. The regulatory genes hoxBC and J, which are not
required for SH gene expression, were eliminated by transferring a
15.3 kbp HindIII fragment from pGE770 to the HindIII-treated
plasmid pCH1596. Plasmid pCH1596 had been constructed by
inserting a 1.6 kbp SpeI-EcoRI fragment from pCH646 into SpeI-
EcoRI-cut Litmus28. From the resulting plasmid pCH1595, a 20 kbp
SpeI-XbaI fragment was transferred to pEDY309 cut with SpeI and
XbaI. This step yielded plasmid pGE771, which was transferred via
conjugation from E. coli S17-1 to the megaplasmid-free strain R.
eutropha HF210.
For SHwt purification, strain R. eutropha (pGE771) was grown

heterotrophically in a mineral salts medium essentially as described in
ref 36. The medium contained a mixture of 0.05% (w/v) fructose and
0.4% (v/v) glycerol and, in addition, 1 μM NiCl2, 40 μM FeCl3, 1 μM
ZnCl2, and the trace element solution SL6.37 A culture volume of 4 L
was shaken in baffled 5 L Erlenmeyer flasks at 120 rpm until the
culture reached an optical density at 436 nm of 10 ± 1. Cells were
harvested by centrifugation at 6000g for 12 min at 4 °C. For SH
purification, the cells were resuspended in two volumes of 50 mM K-
PO4 buffer, pH 7.0, containing 5% glycerol and 5 mM NAD+ and a
protease inhibitor cocktail (EDTA-free protease inhibitor, Roche).
The cell suspension was intensively flushed with argon. Cells were
broken by two passages through a chilled French pressure cell at 6.2
MPa, and the resulting extract was centrifuged at 100 000g for 45 min.
The suspension was maintained under an argon atmosphere. The
resulting extract containing soluble proteins was applied to a Strep-
Tactin Superflow column (IBA). The column was washed aerobically
with 12 mL of resuspension buffer and subsequently with 18 mL of
NAD+-free resuspension buffer. Protein bound to the column was
eluted with NAD+-free resuspension buffer containing 5 mM
desthiobiotin. Elution fractions containing SH protein were pooled
and concentrated with an Amicon Ultra-15 device (100 kDa exclusion
size, Merck Millipore, Germany). Cell cultivation and purification of
the SHFU variant were performed as previously described.27

Enzyme Assays. All enzyme measurements were performed in the
presence of defined gas mixtures unless stated otherwise. Prior to use
in enzyme assays, the buffers were bubbled with the respective gases.
Buffers with 100% gas saturation (1 bar) contained 760 μM H2, 1150
μM O2, or 571 μM N2. Buffers containing gas mixtures were prepared
by mixing appropriate buffers with 100% gas saturation. The head
space of the reaction vessels was filled with same gas mixture as
present in the reaction buffer. The reactions were started with the
addition of enzyme.
H2-driven NAD+ reduction of purified SH in soluble extracts was

determined at 30 °C in a rubber-stoppered cuvette containing gassed
50 mM Tris-HCl buffer, pH 8.0, containing 1 μM FMN, 1 mM
dithiothreitol (DTT), and 1 mM NAD+.31 Whole-cell activity
measurements were done with cells treated with cetyltrimethylammo-
nium bromide as described previously.38

NADH-driven H2 production was measured in a sealed vial
containing 100 μL of Tris-HCl buffer, pH 8.0, with 1 mM NADH, 1
μM FMN, 1 mM TCEP (tris(2-carboxyethyl)phosphine), and 55 μg
of SH protein in the presence of either 100% N2 or 40% O2 and 60%
N2. Aliquots were withdrawn at different time points from the gas
phase and analyzed by gas chromatography (Shimadzu GC-2014AT
equipped for the detection of small gases with Hayesep N columns
and a 13× molecular sieve column according to specification
A0608005).
Diaphorase activity of the SH was measured anaerobically as

NADH-dependent benzyl viologen reduction at 30 °C in 50 mM Tris-

HCl buffer, pH 8.0, containing 5 mM benzyl viologen, 1 mM NADH,
and 90 μM dithionite.27

SH-mediated oxygen reduction during H2-driven NAD+ reduction
was quantified at 30 °C in a Clark electrode. The assay chamber was
filled with 1.3−1.5 mL of Tris-HCl buffer (50 mM, pH 8.0) containing
40% O2 and 60% H2, 1 mM NAD+, 1 μM FMN, and 1 mM TCEP.
NADH-dependent oxygen reduction was assayed in buffer containing
40% O2 and 60% N2 and 1 mM NADH as the substrate.

Superoxide formation was measured by the O2
−-mediated oxidation

of hydroxylamine to nitrite which was subsequently quantified
according to a modified protocol of Schneider and co-workers.23

Measurements were done at 30 °C in 5.2 mL sealed glass vials
containing a reaction mixture of 450−1000 μL. The reaction mixture
consisted of 50 mM Tris-HCl buffer, pH 8.0, 1 mM NAD+, 1 μM
FMN, 1 mM TCEP, 0.5 mM hydroxylamine hydrochloride, and 20−
50 μg of SH protein. In the case of H2-dependent measurements, the
buffer contained 40% O2, 60% H2, and 1 mM NAD+. NADH-
dependent measurements were done in buffer containing 40% O2, 60%
N2, and 1 mM NADH. At various time points, 33 μL samples were
withdrawn and the reaction was stopped by the addition of 33 μL of α-
naphthylamine (2.33 mM) and 33 μL of sulfanilic acid (6.33 mM).
After 20 min, the nitrite concentration was determined by measuring
the absorption at 530 nm. In the case of NADH-dependent superoxide
production measurements, the reaction mixture contained buffer with
40% O2, 60% N2, and 1 mM NADH.

Hydrogen peroxide formation was quantified by the H2O2-mediated
oxidation of 10-acetyl-3,7-dihydroxyphenoxazine (Sigma) to resofurin
catalyzed by horseradish peroxidase (HRP). Measurements were done
at 30 °C in 5.2 mL sealed glass vials containing a reaction mixture of
600 μL. The reaction mixture contained 50 mM Tris-HCl buffer, pH
8.0, 1 μM FMN, and 10−50 μg of SH protein. In the case of H2-
dependent measurements, the buffer contained 40% O2 and 60% H2
and 1 mM NAD+. NADH-dependent measurements were done in
buffer containing 40% O2, 60% N2, and 1 mM NADH. DTT and
TCEP were omitted, as they interfere with the subsequent H2O2
determination. The 50 μL samples were withdrawn at different time
points, and reaction was stopped by heating at 80 °C for 2 min. The
sample was cooled to room temperature, and subsequently 50 μL of
50 mM Tris-HCl buffer, pH 8.0, containing 100 μM 10-acetyl-3,7-
dihydroxyphenoxazine and 10 mU HRP was added. After incubation at
room temperature for 30 min, the 10-acetyl-3,7-dihydroxyphenoxazine
oxidation product resorufin was quantified by fluorescence measure-
ments (excitation at 530 nm and emission at 590 nm). A calibration
curve was taken by performing the assay with different H2O2
concentrations. Addition of HRP was essential to show that the SH
cannot oxidize 10-acetyl-3,7-dihydroxyphenoxazine. As NADH and
FMN interfere with 10-acetyl-3,7-dihydroxyphenoxazine, the back-
ground fluorescence of a reaction assay containing all ingredients
except SH was used as a control.

H2
18O release as a result of SH-mediated reductive conversion of

18O2 was quantified with a quadrupole mass spectrometer (Pfeiffer
OmniStarTM GSD 301). Measurements were done at 30 °C in 5.2
mL sealed glass vials containing a reaction mixture of 30−100 μL. The
reaction mixture contained 50 mM Tris-HCl buffer, pH 8.0, 1 μM
FMN, 1 mM TCEP, and 50−90 μg of SH protein. In the case of H2-
dependent measurements, the buffer contained 1 mM NAD+, 40%
18O2 (99% Sigma), and 60% H2. NADH-dependent measurements
were done in buffer containing 100 mM NADH, 40% 18O2, and 60%
N2.

At various time points, 10 μL samples were withdrawn and the
water was subsequently evaporated at 100 °C for 20 min in a sealed
1.5 mL tube with an ice-cold lid. The water condensed at the bottom
side of the lid was collected by centrifugation (4000g, 1 min) in a new
reaction tube. This procedure prevented the blockage of the mass
spectrometer capillary by salts, chemicals, or protein. An amount of 7
μL of the condensate was directly applied to the opening of the heated
(160 °C) capillary. The flow rate was approximately 4 mL/min. Ions
with a m/z of 2 (H2), 18 (H2

16O), 20 (H2
18O), 32 (16O2), 36 (18O2),

38 (H2
18O2), 44 (CO2) were recorded. TCEP-HCl as the main

electron source for 18O2 reduction can be excluded because the

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja408420d | J. Am. Chem. Soc. 2013, 135, 17897−1790517899



maximum amount of detected H2
18O exceeded the amount of TCEP-

HCl by a factor of 70 (not shown; in this case an amount of 1000 μg
of SH protein was used). The linear phase of the production of
reduction oxygen species was used for the calculation of the
corresponding rates. The same time period was used for the
determination of the O2 reduction rate.
Protein and FMN Determination and Immunological Assays.

The protein concentration was determined with the BCATM protein
assay reagent kit (Pierce, USA) using bovine serum albumin as the
standard. The flavin mononucleotide concentration in protein samples
was analyzed fluorometrically as described previously.30 SDS−PAGE
was performed according to Laemmli et al.39 For immunological
detection of SH-related proteins, the following antisera were applied in
the indicated dilutions: anti-HoxH antiserum (1:833), anti-HoxY
antiserum (1:1666), anti-HoxF antiserum (1:2000), anti-HoxU
antiserum (1:1666), anti-HoxI antiserum (1:5000).

■ RESULTS

Overexpression Constructs for the Assessment of the
O2-Reduction Capacity of the SH. The net O2 reduction
rate of the SH has been determined previously to be 2 orders of
magnitude lower than the H2-driven NAD+ reduction activity.32

For a reliable determination of the individual reduced oxygen
species produced, we have designed a new homologous
expression system allowing for SH overproduction in R.
eutropha. The membrane-bound [NiFe]-hydrogenase (MBH)
operon of R. eutropha, which comprises all genes required for
synthesis of active hydrogenase even in heterologous hosts,40

served as the blueprint for the construction. The megaplasmid-
borne SH operon hoxFUYHWIhypA2B2F2 of R. eutropha was
cloned and subsequently amended by the hypCDEXhoxA gene
cluster fragment of the MBH operon as described in
Experimental Section. Furthermore, a sequence encoding the
Strep-tag II peptide was attached to the 5′ end of the hoxF gene.
The resulting synthetic hoxstrepFUYHWIhypA2B2F2CDEXhoxA
operon was inserted into the broad-host range vector pEDY309
resulting in plasmid pGE760, encoding Strep-tagged wild-type
SH (SHwt). In order to narrow down the sites at which O2
reduction takes place, the isolated Strep-tagged HoxFU
diaphorase module of the SH, henceforth designated as
SHFU, was employed. This version, encoded on plasmid
pGE533, harbors only the FMN-containing NAD+ binding
site and a series of FeS clusters but lacks the entire hydrogenase
module.27

For enzyme purification, plasmid pGE760 was transferred
into the hydrogenase-negative strain R. eutropha HF210, while
pGE553 was established in R. eutropha HF424, as described
previously.27 The transconjugant strain R. eutropha HF210
(pGE760) was cultivated heterotrophically under oxygen-
limited conditions,19 which led to high SH activities of
approximately 19 units per milligram of total protein measured
as H2-driven NAD+ reduction in soluble cell extracts. The SHwt

protein was purified to homogeneity by Strep-Tactin affinity
chromatography. From 10 g (wet weight) of cells, we routinely
obtained 30−90 mg of protein with a specific H2-driven NAD+

reduction activity of 101 ± 32 units/mg of protein (Table S2 in
the Supporting Information). The reverse reaction, namely,
NADH-driven H2 production, was catalyzed with an activity
0.078 ± 0.053 units/mg. These activities are comparable to
those described in the literature.23,24,31,32 SDS−PAGE in
conjunction with immunological analyses performed with the
SHwt enzyme revealed five protein bands assigned to the SH
subunits HoxFUHYI (Figure S1 in the Supporting Informa-
tion). H2-driven NAD+ reduction activity of the wild-type

enzyme increased by 100% through addition of flavin
mononucleotide (FMN, Table S3 in the Supporting
Information), which is consistent with previous findings
suggesting the reconstitution of weakly bound FMN-a into
the enzyme.28 A 2-fold increase in activity was also observed
upon addition of either dithiothreitol (DTT) or the O2-
insensitive reducing agent tris(2-carboxyethyl)phosphine hy-
drochloride TCEP-HCl (Table S3 in the Supporting
Information). Furthermore, the time of linearity of the enzyme
reaction was increased significantly in the presence of either the
reducing agent or supplementary FMN. Because of their
positive effects on SH activity, TCEP-HCl and FMN were
added to all subsequent enzyme assays if not stated otherwise.
In order to test the functionality of the HoxFU diaphorase

moiety in the SH derivatives, the NADH/benzyl viologen (BV)
oxidoreductase activity was determined. The diaphorase activity
for the SHwt protein was 104.2 ± 6.2 units/mg of protein. The
isolated SHFU module, which was purified by affinity
chromatography as described previously,27 displayed a specific
NADH/benzyl viologen oxidoreductase activity of 133.3 ± 25.6
units/mg of protein.

Net O2 Reduction Activity of the SH. In the first instance,
we determined the impact of O2 on the H2-driven NAD+

reduction activity of the SHwt enzyme. The addition of
increasing amounts of O2, i.e., 20%, 40%, 60%, and 80%
(equivalent to 0.23, 0.46, 0.7, and 0.93 mM O2, respectively, in
solution), to the reaction mixture led to a prolongation of the
lag phase of the reaction (Figure S2 in the Supporting
Information), which corresponds to the time required for
reactivation of the oxidized active site.32 However, in the
presence of 20% O2, the H2-driven NAD+ reduction activity
was almost the same as in the absence of O2 (Table S4 in the
Supporting Information). Even at the highest O2 concentration
of 80%, the activity decreased by only about 20% compared to
anaerobic assay conditions, which is in accordance with
previous observations23 and underlines the extraordinary O2
tolerance of the SH. In order to obtain sufficient amount of
potential products resulting from O2 reduction, all subsequent
measurements were performed at a concentration of 40% O2.
The net O2 reduction activity of the SH variants was quantified
with a Clark electrode (Figure 2A). In the presence of 40% O2,
the SHwt protein displayed an H2-mediated O2 reduction
activity of 0.52 ± 0.09 units/mg when NAD+ was added to the
reaction. In the absence of the substrate NAD+ (despite the
presence of 1 mM TCEP and 5 μM FMN), no O2 reduction
activity was detectable showing that H2-driven NAD+ reduction
is required for the oxidase activity of the enzyme. O2 was also
reduced through reverse electron flow, i.e., upon incubation of
the SH variants with 1 mM NADH. However, for unknown
reasons, the O2 reduction activity during NADH oxidation was
not sufficiently linear within the time period of 15 min of the
measurement (Figure 2B). Therefore, we have determined the
apparent O2 reduction rates considering the first 5−10 min of
the reaction. This allowed a suitable comparison with the
production rates of the products from O2 reduction, which are
described below. The apparent NADH-driven O2 reduction
rates determined for the SHwt and SHFU proteins were 94 ± 17
and 31 ± 2 min−1, respectively (Table 1). Notably, in the
presence of 40% O2, the H2 production rate of the SHwt

enzyme amounted to 6.7 ± 1.2 min−1.
Superoxide Production during Catalysis. The results

described above clearly show that both H2 and NADH serve as
potent electron donors for O2 reduction. Further experiments
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were undertaken to identify the individual reduced oxygen
species produced by the enzyme. We first focused our attention
on superoxide, which has been previously shown to be
responsible for SH inactivation.23 Superoxide formation was
monitored by an established assay that exploits the superoxide-
dependent oxidation of hydroxylamine to nitrite.41 By using H2
as the electron donor in combination with NAD+ and O2 as
electron acceptors, we observed a relatively low superoxide
production rate of 1.1 min−1 for the SHwt protein (Table 1),

which is in the same range as the published value of 0.5
min−1.32 Reverse electron flow, i.e., NADH-mediated O2

reduction resulted in superoxide production rates of 0.45 and
0.46 min−1 for the SHwt and SHFU proteins, respectively.

Hydrogen Peroxide Production during Catalysis. The
superoxide production activity of the SHwt enzyme was 2 orders
of magnitude lower than the O2 reduction activity. This implies
that ROS other than superoxide represent the main products
released upon O2 reduction. Therefore, we analyzed the
capacity of the SH to produce hydrogen peroxide, which is
generated by a two-electron reduction of dioxygen (Scheme 1).
H2O2 production was quantified by the horseradish peroxidase-
mediated oxidation of 10-acetyl-3,7-dihydroxyphenoxazine. The
hydrogen peroxide production activity of the SHwt protein in
the presence of H2 and NAD+ was 0.27 units/mg. This value
corresponds to a turnover rate of 55 min−1, which is ∼100-fold
higher than the corresponding superoxide production rate
(Figure 2A, Table 1). In this respect it is important to mention
that superoxide disproportionates spontaneously into hydrogen
peroxide and oxygen.42 H2O2 production rates were also
measured for both SH variants using NADH as the electron
donor (Figure 2B, Table 1). A rate of ∼6 min−1 was
determined for the SHwt protein, showing that hydrogen
peroxide is also produced by reverse electron flow. Interest-
ingly, the SHFU variant displayed only a very low H2O2

production rate of 0.2 min−1 which is by a factor of 30 lower
than that of wild-type SH. This revealed that the hydrogenase
module is the major player in SH-mediated H2O2 production.

Water Production during Catalysis. Among the products
of O2 reduction, water is clearly the least reactive one. In order
to test whether water is a product of the O2 reduction capability
of the SH, we have established an experimental setup that
allows reliable detection and quantification of isotopically
labeled H2

18O as a catalysis product from hydrogenase. An
amount of 50−1000 μg of SH was mixed with 1 mM NAD+ in
a small buffer volume of 30−100 μL, which was placed in a
gastight, rubber-sealed reaction vessel filled with 40% (v/v)
18O2 and 60% (v/v) H2. In the case of using NADH as the
electron donor, the same amount of enzyme was incubated
with 100 mM NADH under a gas atmosphere of 40% (v/v)
18O2 and 60% (v/v) N2. At various time points, an amount of
10 μL of the reaction mixtures was withdrawn and gas analysis
was performed with a mass spectrometer as described in the
Experimental Section. This method allowed the reliable
detection of concentration changes of 1.8 mM H2

18O (Figure

Figure 2. Rates of superoxide, hydrogen peroxide, and water formation
in comparison to the O2 reduction rate. The measurements were done
in the presence of FMN for both H2-driven NAD+/O2 reduction (A)
and NADH-driven proton/O2 reduction (B) as described in
Experimental Section. The data were normalized to the SH protein
amount used for O2 reduction measurements (39 μg). Rates were
determined using the data time periods between 0 and 5 min or
between 0 and 10 min, depending on linearity. Note that the reaction
started only upon addition of the enzyme: open diamonds, superoxide;
gray squares, hydrogen peroxide, open triangles, water; dark circles
(continuous measurement), dioxygen.

Table 1. Net O2 Turnover Rate and the Individual Production Rates for Superoxide, Hydrogen Peroxide, and Water for the SH
Variants under Different Reaction Conditions

protein net O2 reduction (min−1)a O2
− production (min−1) H2O2 production (min−1)b H2

18O production (min−1)

Reaction Direction: H2 → NAD+/(18)O2

SHwt +FMN 109 ± 19 1.1 ± 0.1 55 ± 7 122 ± 8
−FMN 76.3 ± 7.8 0.6 ± 0.2 17.9 ± 5.8 74.6 ± 19.5

Reaction Direction: NADH → (18)O2
c

SHwt +FMN 94 ± 17 0.45 ± 0.11 5.8 ± 0.6 116 ± 9
−FMN 49 ± 10 nd 14.2 ± 0.2 31.4 ± 7.0

SHFU +FMN 31 ± 2 0.46 ± 0.04 0.2 ± 0.1 67 ± 10
−FMN 20.7 ± 2 nd 0.1 ± 0.1 32.1 ± 1

aReduction/production rates were measured in the presence of 40% O2 as described in the Experimental Section. Values represent the arithmetic
mean and the respective standard deviation of three independent experiments. bThe addition of catalase (100 units) to the reaction prevented the
formation of resorufin, underlining the specificity of the assay for H2O2.

cNo H2
18O production was detectable in the absence of NADH.
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S3 in the Supporting Information) within the natural
abundance of 111 mM H2

18O.43

Upon incubation with H2, NAD
+, and 18O2, the SH

wt protein
displayed a considerable H2

18O production activity of 0.60 ±
0.04 units per milligram of protein. This value corresponds to a
turnover rate of 122 min−1 (Table 1), which remained linear for
5−7 min (Figure 2A). The net amount of the detected water
also included H2O that was produced indirectly from the
thermal decomposition of superoxide and H2O2. However, the
NADH-dependent H2

18O production rate of the wild-type SH
was 20- and 258-fold higher than the H2O2 and superoxide
production rates, respectively. This implies that H2

18O is the
major byproduct released by the SH in the course of H2-driven
NAD+ reduction and the thermal decomposition of ROS does
not play a significant role in water production. The latter was
confirmed by analyzing and comparing the superoxide,
hydrogen peroxide, and water production rates of the well-
established ROS-producing enzyme xanthine oxidase. The
H2O2 production rate was 3-fold higher than the water
production rate, which indicates that the thermal decom-
position of H2O2 is minimal (Table S5 in the Supporting
Information).
In subsequent experiments, we investigated the H2

18O
production capacity of the SH variants incubated with
NADH in the presence of 18O2. Using NADH as the electron
donor resulted in a turnover rate of 116 min−1 for the SHwt

protein (Table 1). This rate is very similar to that obtained for
the SHwt enzyme during H2 oxidation in the presence of NAD+

and 18O2. In order to get a hint as to whether H2
18O release

takes place in the diaphorase module, the hydrogenase module,
or both, the SHFU variant was tested for its H2

18O production
capacity. In fact, the SHwt and SHFU proteins displayed similar
H2

18O production activities of 567 and 686 nmol·min−1·mg−1.
However, considering the difference in size (205 kDa for SHwt

and 110 kDa for SHFU), the SHFU variant had an approximately
2-fold lower H2

18O production rate of 67 min−1 compared to
the wild-type protein (116 min−1). These results suggest that
NADH-driven H2

18O production takes place in both SH
modules of the SH.
If all products of O2 reduction are captured quantitatively by

the different assays, all oxygen atoms of the reduced O2
molecules should appear as constituents of the products. In
the case of the H2-driven NAD+ reduction catalyzed by the
SHwt protein, approximately 50% of the O2-derived oxygen
atoms were found in H2O2 while the other half was deposited
in form of water. During NADH oxidation in the presence of
O2, the SH

wt protein released 62% of the oxygen atoms in the
form of water and only 6% as H2O2. In all test cases,
arithmetically 60−110% of the O2-derived O atoms were
recovered in the form of H2O and H2O2; only 1% was found to
be incorporated in superoxide molecules. The deviation from
100% is most likely caused by inaccuracies of the intricate H2O
measurement, for which the relatively high abundance of H2

18O
in normal water must be taken into account.
Role of FMN in H2O2 and H2O Production. The

experiments shown above suggest that O2 reduction leads to
water formation in both SH modules, while superoxide is
produced mainly in the diaphorase module and hydrogen
peroxide primarily released within the hydrogenase module. It
is well-known that reduced flavins are capable of the formation
of ROS including H2O2.

34 Purified SHwt enzyme contained only
1.00 ± 0.08 instead of the two proposed FMN molecules.
However, the obvious loss of flavin is in line with previous

observations and has been explained by the release FMN-a
from the hydrogenases module in the course of the purification
process.28,30,44 van der Linden and co-workers showed that the
cofactor can be reconstituted in the enzyme simply by the
addition of free FMN to the purified protein.44

In order to test the role of FMN-a in the hydrogenase moiety
of the SH, we determined the production of reduced oxygen
species in the absence of externally added FMN both for the H2
oxidation and NADH oxidation directions. By omission of
FMN in the assays, the O2 reduction rate dropped by 30−50%
for both SH variants (Table 1). This indicated that even the
FMN-b in the SHFU protein is not bound stably, which
corroborated recent results.27 In the case of NADH oxidation,
the decrease in O2 reduction activity was accompanied by a
50% drop of H2O release by the SHFU module. Under the same
conditions, the lack of external FMN resulted in a residual
activity of only 27% for the SHwt protein. This further supports
the conclusion that H2O production takes place in both the
hydrogenase and diaphorase module of the SH. Interestingly,
the NADH-driven H2O2 production activity of SHwt protein
increased from 5.8 ± 0.6 milliunits in the presence of 1 μM
FMN to 14.2 ± 0.2 milliunits per milligram of protein in the
absence of external FMN. The decrease of H2O2 production in
the presence of FMN was accompanied by an increase in H2

18O
production (Table 1). These observations suggest that in the
case of NADH oxidation, the presence of FMN-a in the
hydrogenase module shifts the H2O/H2O2 production ratio
toward water. However, this effect of FMN was not observed
when the SHwt protein catalyzed H2-driven NAD+ reduction.
The superoxide, hydrogen peroxidase, and water production
rates decreased concomitantly with the O2 reduction activity in
the case when FMN was not added externally.

■ DISCUSSION
In order to assess quantitatively the products of the O2
reduction activity of the soluble, NAD+-reducing [NiFe]-
hydrogenase (SH) from R. eutropha, we have designed a new
plasmid-based overexpression system. This system is based on a
generic operon comprising all genes necessary for synthesis of
catalytically active SH. The attachment of a Strep-tag II peptide
to the N-terminus of the HoxF subunit allowed a rapid and
mild purification of highly active SH, and the protein yield was
10-fold higher than previously reported.24 The H2-driven
NAD+ reduction activity was 101 units/mg, which corresponds
to a turnover rate of 342 s−1 for the heterohexameric SHwt

protein with an apparent molecular weight of 205 kDa. In the
presence of 0.47 mM O2 (40% saturation), the rate decreased
by only 15% to a final rate of 289 s−1, demonstrating the
extraordinary O2 tolerance of the enzyme. Under the same
conditions, a net O2 reduction rate of 1.8 s−1 was determined
showing that the SHwt reacts continuously with both H2 and
O2. Thus, the conversion of approximately 150 H2 molecules is
accompanied by the reduction of one molecule of O2, assuming
a complete reduction to H2O.
It is important to note that when fueled by NADH, the O2

reduction rate (1.6 s−1) of the SHWT protein in the presence of
40% O2 was 15-fold higher than the corresponding H2
production rate (0.11 s−1). This is consistent with a model in
which H+ and O2 compete for the electrons at the [NiFe] active
site, and because of thermodynamic reasons, O2 is clearly
preferred. It has been shown previously that the SH serves as an
H2-evolving electron valve in vivo when R. eutropha cells are
shifted from aerobic to anaerobic conditions.26 The SH possibly
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also contributes to the NADH-driven removal of O2 during this
transition phase, thereby regenerating NAD+. A comparable
function has been described for the water-producing NADH
oxidase II from Streptococcus mutans.45

In the course of analysis of the products of O2 reduction by
the SH, we were able to detect superoxide, hydrogen peroxide,
and water. The most reactive species, superoxide, was produced
only in trace amounts in relation to the net O2 reduction rate.
Both the SHwt and SHFU proteins produced superoxide at
similar rates of approximately 0.5 min−1. This supports the
previous finding that the diaphorase module of the SH
accommodates the site of superoxide production.27 Consistent
with observations for Complex I, it is likely that single electron
transfer from reduced FMN to O2 in the NAD+/NADH
binding pocket results in the formation of superoxide. SH-
mediated superoxide production in vivo is reflected by the up-
regulation of the detoxifying enzyme superoxide dismutase
during lithoautotrophic growth of R. eutropha on H2 and CO2
in the presence of O2.

46

The two-electron reduction of O2 results in the formation of
H2O2, which was detected at a rate of 55 min−1 during H2-
driven NAD+ reduction by the SHwt enzyme. Ten times less but
still significant amounts of H2O2 production were observed
with the SHwt working in the reverse direction, i.e., during
NADH oxidation in the absence of H2. Under the same
conditions, however, the SHFU module released H2O2 only in
trace amounts. This clearly shows that hydrogen peroxide is
mainly produced in the hydrogenase module. SH-mediated
release of hydrogen peroxide is consistent with the up-
regulation of the H2O2-detoxifying proteins iron-dependent
peroxidase and catalase which has been observed in R. eutropha
cells grown on H2, CO2, and O2.

46 In this context, it should be
noted that the oxidized SH has been shown to be relatively
stable in the presence of 10 mM H2O2 under nonturnover
conditions.23

So far, a conventional iron−sulfur cluster has not been
identified as the source of H2O2, whereas FMN is a well-known
cofactor that can be involved in H2O2 production.

47 According
to previous observations, FMN-a is only loosely bound to the
SHwt protein. FMN-a-depleted protein fails to catalyze H2-
driven NAD+ reduction. However, it can easily be reconstituted
by the addition of external FMN.28,44 We observed that the O2
reduction rate of the SHwt enzyme as well as the superoxide,
H2O2, and H2O production rates decreased by 30−70% in the
absence of externally added FMN, which is entirely consistent
with the previous findings. By contrast, during NADH
oxidation, the FMN-depleted SHwt protein showed a 2-fold
higher H2O2 production rate than its FMN-loaded counterpart.
This suggests that hydrogen peroxide is not produced directly
at the FMN-a cofactor, leaving the catalytic center as a possible
site of H2O2 release. The production of H2O, however, which
requires two further electrons, was positively dependent on the
presence of FMN. These observations are in line with the
assumption that the supplemented flavin refills the partially
empty FMN-a-binding sites in the enzyme and serves as
electron mediator. In this context, free FMN is not involved in
H2O2 release, since neither O2 reduction nor ROS production
was observed in protein-free but FMN-containing reaction
assays.
The presence of FMN as a two-electron carrier close to the

soluble hydrogenase active site is analogous to the situation in
O2-tolerant membrane-bound [NiFe]-hydrogenases. Crystal
structures of these enzymes revealed the presence of a novel

[4Fe−3S] cluster species close to the catalytic center.20−22 It is
assumed that this cofactor can undergo two rapid, consecutive
one-electron transfer reactions that assist in the reductive
removal of oxygen species at the active site.19 The current
model of oxygen tolerance for membrane bound [NiFe]-
hydrogenases suggests complete reduction of O2 to water with
four electrons and four protons. On the basis of an O2 attack on
the active site with a vacant binding site (Nia−S state), the
electron demand can be accomplished by one electron from
NiII, two electrons from the fully reduced [4Fe−3S] cluster,
and one electron from the remaining Fe−S cluster chain.18,19

In the case of the O2-tolerant SH, the situation seems to be
different in two aspects. First, the function of the [4Fe−3S]
cluster in membrane-bound enzymes might be taken over by
FMN-a. Second, in contrast to MBH proteins, the SH resides in
the cytoplasm, which provides a reducing environment.
Consistently, in situ spectroscopic studies on the SH located
in intact cells revealed the reduced Nia−C state of the active
site as resting state, even in the absence of H2.

33 The constant
supply of low levels of NADH results in the presence of two
electrons in the form of a bridging hydride at the active site.
These two electrons are readily available in the case of O2
attack and would be sufficient, in combination with one proton,
to convert O2 into a hydroperoxo ligand. Upon protonation the
ligand can be released as H2O2. Such a scenario is documented
in Figure 3. Interestingly, the insertion of molecular oxygen in
transition metal hydride bonds and the concomitant formation
of metal hydroperoxide have been shown for several, especially
nickel hydride-containing, model complexes.48 The presence of
a peroxo species bound to the active site of as-isolated, oxidized
SH has already been proposed by Albracht and co-work-
ers49and would explain the need for reductive reactivation of

Figure 3. Model of H2 oxidation and O2 reduction at the SH active
site. The active site structure of the SH in the Nia−S state is shown at
the top. Incubation with either H2 or NADH reveals the Nia−C state
that is characterized by a bridging hydride between Ni and Fe. In the
presence of O2 the bridging hydride donates two electrons, resulting in
a proposed hydroperoxo ligand. Upon protonation the ligand is
released as H2O2 (right circle). Three protons and two further
electrons, which may be derived from reduced FMN-a, lead to the
formation of two H2O molecules (left circle). For both reactions a
further electron is required to reenter the Nia−S state. The Nia−C
state is regenerated by the subsequent incubation with H2 or NADH.
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the enzyme by NADH through reverse electron flow. Three
protons and two further electrons, the latter may derive from
FMN-a, are required to fully reduce the two oxygen atoms of
the proposed hydroperoxo species into two harmless water
molecules (Figure 3).
Our data show that water and H2O2 represent the major

products of O2 reduction by the native SH enzyme. However, it
is important to note that the isolated SHFU module showed a
considerable H2O production from 18O2 and NADH. Similar to
the flavoprotein subcomplex of Complex I,50 the SHFU unit
contains flavin and Fe−S clusters. In the case of Bos taurus
Complex I, it has been shown that the reduced flavin is capable
of transferring electrons to oxygen to primarily form super-
oxide.42 In contrast, Complex I from E. coli releases mainly
hydrogen peroxide.34 To our knowledge water production as a
result of O2 reduction has not been tested so far for any isolated
Complex I fragment. In the case of SHFU, reduced FMN-b and
two further electrons from reduced Fe−S clusters would be
sufficient to reduce oxygen completely to water. However,
metal cofactors are not necessarily required for NADH-
dependent production of H2O from O2. In the case of the
H2O-forming NAD(P)H oxidase from Lactobacillus sanf rancis-
censis, one NAD(P)H molecule binds to the active site and
transfers the hydride to an enzyme-bound FAD.51 O2 is then
being reduced to H2O2 which is immediately decomposed to a
water molecule, while the remaining oxygen atom is bound to a
conserved cysteine residue, thereby forming a Cys−S−OH
intermediate. With the aid of a second NAD(P)H the sulfenic
acid is back-converted to a thiolate and a second H2O molecule
is released. The NADH peroxidase from Enterococcus faecalis
seems to employ a comparable mechanism.52 It is conceivable
that a similar mechanism is responsible for H2O production in
vicinity to the FMN-b cofactor of SHFU. However, according to
the amino acid composition of the SHFU active site region,
there is no potential redox-active cysteine residue that can fulfill
the acceptor role for H2O2. Another possibility would be water
production at a metal cluster that is exposed to the protein
surface of HoxFU as a result of the detachment from the
HoxHY module. Because of their spatial arrangement, the most
likely candidates would be the two [4Fe−4S] clusters in HoxU
that are homologous to the clusters N4 and N5 in Complex
I.25,53 It is important to mention that there is so far no known
iron−sulfur cluster that catalyzes directly the reduction of O2 to
H2O. Thus, site and mechanism of H2O release by SHFU

remain elusive and require further investigation.

■ CONCLUSIONS

Our data suggest that O2 reduction occurs at multiple sites in
the SH, albeit it is impossible, at the current stage, to define
these sites on an atomic level. However, with regard to the
necessity of preventing active site damage, it is rather likely that
H2O and H2O2 release, as a result of O2 reduction, takes place
in the vicinity of or directly at the catalytic [NiFe] center of
native SH. A small fraction of the electrons produced during H2
cleavage is being reused in order to reduce O2. Two concurrent
electron transfer steps (supported by a metal-bound hydride
and a fully reduced FMN cofactor) prevent the formation of
the most reactive O2

− and OH− species at the [NiFe]-active
site. In fact H2O2 and harmless water are the major products of
O2 detoxification. Thus, the SH possesses both hydrogenase
and oxidase activities. These findings are notably important for
engineering O2-tolerant hydrogenases and for the design of

chemical, transition metal-based catalysts, which are usually
highly sensitive to oxygen.
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